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Techniques for study of avian syringes.—In most birds, the syrinx is located within the
thoracic cavity, dorsal to the heart and ventral to the esophagus (in hummingbirds and some
storks it is along the neck). The syrinx and trachea are bound to the esophagus by membrane;
removal of these together, using the esophagus as a ‘handle,” reduces risk of damage to the
delicate bronchi and preserves membraneous connections (e.g., the bronchidesmus). Re-
moval of a syrinx from a museum specimen disrupts the heart arteries and the sternum and
breast muscles along one side, but careful removal leaves a specimen largely intact and
makes the syrinx available for future researchers. Dissection procedures described here follow
Ames (1971:13) but are more detailed:
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(1) With the bird on its back, expose the skin along the neck and chest along the bird’s
right side.

(2) With scissors, cut shallowly through the skin of the neck until the trachea is found,
usually to the right of the vertebral column. Initial cuts higher along the neck minimize
damage to the trachea. Expose the trachea to its entry into the thoracic cavity at the furculum.

(3) Cut the furculum and the cephal edge of the sternum just to the right of the midline.
Continue this cut, straight and shallow, through the right sternum and breast musculature;
deep cuts may damage the heart or syrinx. In some birds, e.g., some owls and goatsuckers,
the syrinx may be removed through the furcular opening without damaging the skeleton.
The syrinx can be removed from skeletal preparations by working through openings between
the ribs or through the abdominal cavity after the viscera have been removed.

(4) Open the thoracic cavity enough to see both M. sternotrachealis where they extend
from the trachea toward the thoracic wall. Note their precise position of insertion, then cut
through each muscle near to the thoracic attachment.

(5) Cut through the trachea and esophagus (or just the trachea if the esophagus is not
being removed) far enough above the syrinx to include all ‘syringeal’ features and to provide
a handle for manipulation of the specimen. It is better to include too much trachea than
too little. Cutting away connecting tissue, free the trachea and esophagus (or just the trachea)
down to the level of the heart.

(6) Carefully cut through the major heart arteries, allowing the heart to be lifted up to the
left, exposing the syrinx and bronchi. With curved-blade scissors, cut through the right
bronchus where it enters the lung, the esophagus cephal to the syrinx (if the esophagus is
also to be removed), and the left bronchus where it enters the lung. Include as much of the
bronchi as possible; short bronchi may be the most common deficiency of syrinx specimens.

(7) Using forceps, pull gently on the esophagus and continue to cut away attached con-
nective tissue from around the trachea, syrinx, bronchi, and esophagus until these can be
removed easily. If the esophagus is to be left within the body, use forceps to pull on the
trachea and cut the tissues between the syrinx and the esophagus as well as other restraining
tissue. It may be advisable to bind the carcass closed with twine, thread, or cheesecloth
before returning it to its storage jar.

(8) In most syringes, dorsal and ventral surfaces may be distinguished by the greater dorsal
exposure of the internal tympaniform membranes and the ventral tendency of the paired
M. sternotrachealis. If there is doubt (e.g., picid syringes approach dorsoventral symmetry),
notch the caudal end of the trachea on the dorsal surface as a marker and note that this has
been done.

(9) Place fresh syringes in buffered 10% formalin for several days (see Cato 1986:26). Blot
excess formalin, and transfer to 70%—75% ethanol (ETOH) for storage. Syringes from fixed
museum specimens may be put directly into alcohol. For long-term storage, small alcohol-
filled vials including the syrinx and appropriate labelling should be placed within larger
alcohol-filled containers. In the field, small labels bearing field catalogue numbers may be
tied with cotton thread gently but securely around attached tracheae and esophagi and placed
with other syringes in a single container.

(10) The specimen may be ‘cleaned’ at your convenience. Artifacts within the respiratory
tract can usually be removed by squirting alcohol through the trachea with a syringe. Care
must be used in cleaning; removal of connective tissue may expose important features but
at the cost of others, including embedded muscle or nerves.

Osteological preparation. —Normally, the syrinx and trachea are removed from skeletal
preparations and discarded. If included, delicate articulations usually are broken by larger
bones within crowded skeleton boxes. Since most adult birds have ossified trachea and
virtually all have ossified syringes, it is useful and appropriate to preserve the syrinx as a
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skeletal element during the preparation of skeletal specimens. First, before removing the
viscera from the body cavity, cut through the bronchi, esophagus, and associated membranes
at the level of the lungs, leaving them attached to the dorsal body wall of the thorax. Second,
submit the specimens to minimal dermestid activity (terrestrial isopods may be preferable
in preparation of delicate skeletal material, Maiorana and Van Valen 1985). Third, store
the syrinx and other delicate skeletal elements in a smaller box or envelope within the
primary skeleton box.

Skeletal syrinx specimens lack muscles and membranes. Their cartilaginous components
may change shape with drying. However, they are more convenient for some measurements
and for S.E.M. photography. In addition, because of scarcity of whole alcoholic specimens
(Zusi et al. 1982), skeletal materials may provide the only syringeal source for many species.

Mouscle staining. — The myology of many syringes is simple, consisting of only two pairs
of muscles, M. sternotrachealis and M. tracheolateralis. Other syringes, including those of
Cotliiformes, Trochilidae, Psittaciformes, and most Alcedinidae and Passeriformes, possess
a more complex, intrinsic musculature (Cannell 1986). The number, length, and fiber
direction of these muscles may be difficult to determine because they are often small, thin,
or obscured by connective tissue. Examination may be facilitated by using an iodine stain
to darken fibers. By immersing specimens in a solution of distilled water (100 ml), potassium
iodide (2.0 g), and iodine (1.0 g) for several minutes, muscles become a dark reddish-brown
(Bock and Shear 1972). This stain, fading under light, is reversible and nondestructive;
hence, iodine-stained specimens may undergo subsequent staining procedures. The stock
solution should be stored away from light.

Clearing and staining for cartilage and bone.—This procedure distinguishes between car-
tilage and bone and clarifies the configuration of all supporting structures. Hence, perception
of syringeal structure is greatly improved. Here, procedures of Wassersug (1976) and Din-
gerkus and Uhler (1977) have been adapted specifically for use on syringes, but a similar
treatment could be used on avian embryos or other small materials. Note that the process
is destructive, obliterating details of muscle and membrane and potentially altering the
overall configuration. Rare specimens should only be cleared and stained after important
myological and membranous features have been recorded in detail. Even for common
species, muscles and membranes should be examined and measurements of syringeal parts
made before clearing and staining. No syrinx should be cleared or stained or submitted to
any other destructive procedure without permission from the host institution. Pre-1940
museum specimens may not have been fixed; syringes from these should be placed in
formalin for several days. These and specimens stored in isopropyl alcohol should be kept
in ETOH for a week before initiating staining.

This procedure takes at least 4 days, but may be interrupted when materials are in water
or alcohol, or by refrigeration during the enzyme step. Large syringes may require longer
periods at some steps. Other factors, such as quality of fixation and preservation, will also
influence results. Excess tissue, clotted blood, and the esophagus should be removed prior
to staining. These directions make solutions of 150 ml, adequate for staining ten small-to-
medium syringes in individual 20 ml scintillation vials.

(1) Stain cartilage with alcian blue for 24 h (no danger of overstaining). Alcian blue stain:
30 ml glacial acetic acid; 120 ml 95% ETOH; 20 mg alcian blue powder. Color should not
be so dense as to obscure position of specimen. Solution is unstable and must be made up
fresh. This is a tenacious stain that should be handled carefully.

(2) Rinse in 95% ETOH for several minutes (until specimen sinks). This solution is
reusable.

(3) Rinse in 50% ETOH for several minutes (until specimen sinks). This solution is
reusable.
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(4) Rinse in distilled water.

(5) Clear in enzyme solution for 5-6 h, or longer, until membranous parts are clear. Large
or tough specimens may need to be cleared for several days. Specimens retaining blue stain
after a day or so in enzyme solution may be put in 1% KOH for several hours; KOH and
enzyme solutions may be alternated until membranous parts are clear. Note that KOH
destroys myelin, and its use will inhibit nerve staining. This solution is temperature depen-
dent; activity can be increased by mild heating (27°C is ideal) or virtually halted with
refrigeration. Enzyme solution: 40 ml saturated aqueous sodium borate (distilled water
saturated with borax); 110 ml distilled water; 2 g (% teaspoon) trypsin. Stir gently until
dissolved. This solution must be made up fresh.

(6) Rinse gently in tap water (but not over open sink drain).

(7) Stain for calcium phosphates with alizarin red S for 12-14 h (no danger of overstaining
up to 24 h). Alizarin red stain solution: 10 ml 10% KOH stock solution (10 g of pellets per
100 ml distilled water); 190 ml distilled water; enough alizarin red S powder to color solution
deep purple. Reusable until solution loses color or effectiveness is reduced.

(8) Rinse gently in tap water, then dehydrate through a series of KOH/glycerin solutions
(a to ¢, below). These are stable and may be reused until they become too colored. Leave
syringes in each step for 5 or more hours.

a. 3:1 KOH/glycerin: 30 ml 10% KOH; 270 ml distilled water; 3 ml 3% hydrogen peroxide
(bleaches pigments); 100 ml glycerin.

b. 1:1 KOH/glycerin: 30 ml 10% KOH; 270 ml distilled water; 3 ml 3% hydrogen peroxide;
300 ml glycerin.

c¢. 1:3 KOH/glycerin: 15 ml 10% KOH; 135 mi distilled water; 450 ml glycerin.

(9) Store syringes in solution of: 90% glycerin, 10% distilled water; a few thymol crystals
(inhibits mold and bacteria).

If results are unsatisfactory, specimens may be recleared or restained with alizarin red,
but once in glycerin, specimens should be rehydrated back through the glycerin series (1:3,
1:1, 3:1) and washed in distilled water before further treatment; glycerin negates enzyme
activity and may affect stain effectiveness. It is possible to restain for alcian blue but there
is a chance of losing the specimen (G. Dingerkus, pers. comm.).

Nerve staining. —This procedure is adopted from Filipski and Wilson (1984, 1985), A.
Savitsky (pers. comm.), and S. Gornak (unpubl.). It can be used independently, with the
cartilage and bone staining procedure, or applied to previously cleared and stained specimens.
Material to be stained for nerves alone should first be cleared with trypsin (see step 5 above),
then washed in distilled water. For integration within the cartilage and bone staining pro-
cedure, insert steps described below between steps 6 and 7 above. Specimens previously
cleared and stained should be rehydrated, soaked in distilled water for several hours, and
then submitted to the following procedure.

Three provisos accompany this technique. First, nerves removed during the initial ‘clean-
ing’ can no longer be stained. Second, KOH is destructive to myelin, so specimens treated
with KOH may not provide effective nerve staining. Third, nerve staining may not be
permanent; observed patterns should be recorded while still visible. Nerves can be restained
but’possibly with reduced effectiveness (rehydrate specimens before restaining).

(1) Immerse in 70-75% ETOH for 30 min or more.

(2) Immerse in Sudan Black B stain. Check frequently at first, then every 5~10 minutes;
remove when nerves are a dense blue-black. Gentle agitation facilitates staining. Sudan
Black B stain: dissolve 0.5 g Sudan Black B in 500 ml of 70% ETOH with the aid of a warm
water bath. Filter solution before use.

(3) Destain in 70-75% ETOH for 5 min or more, then rinse gently in tap water. (If staining
for calcium, go to step 7 of clearing and staining procedure above.)
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(4) Dehydrate through a KOH/glycerin series as in step 8 above.

(5) Transfer to 90% glycerin as in step 9 above.
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Avian Davian Behavior. —Dickerman (J. Mamm. 41:403, 1960) reported a field obser-
vation of a male Richardson ground squirrel (Citellus [=Spermophilus} richardsoni) copu-
lating with a dead female which was lying on its side in a copulatory position. He termed
the behavior “Davian behavior,” a facetious reference to a ribald Limerick about necrophilia.
Here I make what is apparently the first report of Davian behavior in birds.

I observed several drake Mallards (4nas platyrhynchos) attempting forced copulation with
a hen Mallard at 16:00 on 9 April 1987 on Sheldon Lake, Fort Collins, Colorado. After
several minutes of constant pursuit, the hen was forced to swim to the shoreline of an island.
She stopped at the water’s edge, apparently exhausted and unable to escape farther. She was
immediately approached by two Chinese Geese (Anser cygnoides), one of which repelled
the drakes to a distance of approximately 2 m. It then stood over the hen in a pre-copulatory
position and began to peck violently at the back of her head and neck. After approximately
5 min the hen became motionless in a copulatory posture, and she was not observed to
move again; she was apparently dead at this point. The goose continued to peck for another



